
Issues in Biological Sciences and Pharmaceutical Research Vol.8(2),pp.43-50, April 2020  
Available online at https://www.journalissues.org/IBSPR/  
https://doi.org/10.15739/ibspr.20.005 
Copyright © 2020 Author(s) retain the copyright of this article                                                                                         ISSN 2350-1588 

 
 
 

 
 

Original Research Article 

Hydrocarbon biodegradation and antibiotic sensitivity of 
microorganisms isolated from an oil polluted site in 

Kokori, Delta State, Nigeria 
 

Received 20 March, 2020                                    Revised 5 April, 2020                                        Accepted 15 April, 2020                                         Published 20 April, 2020 

 

Ataikiru, T. L1*,  
Okorhi-Damisa, F. B1  

and  
Onyegbunwa, A. E1 

 
1Department of Environmental 
Management and Toxicology, 

Federal University of Petroleum 
Resources, Effurun, Delta State, 

Nigeria. 
 

*Corresponding Author Email: 
ataikiru.tega@fupre.edu.ng 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

This study aimed at assessing hydrocarbon biodegradation and antibiotic 
resistance among bacterial isolates from petroleum polluted and pristine 
soil samples. Standard microbiological methods were used to isolate, 
characterize and identify bacterial isolates from the soil samples. 
Hydrocarbon degradation potential of the isolates were determined using 
crude oil (1%) as the sole hydrocarbon source and redox reagent (2, 6 - 
dichlorophenol indophenol, 2%). Also, the standard disc diffusion method 
was used to test for antibiotic susceptibility pattern of the isolates. Ten 
bacterial isolates were obtained from soils and identified as species of 
Lactobacillus, Micrococcus, Enterococcus, Enterobacter, Azomonas, Proteus, 
Pseudomonas, Acinetobacter, Bacillus and Escherichia coli. All bacterial 
isolates except Escherichia coli had crude oil bio-degradative capabilities. 
Isolates with zone of inhibition less than or equal to 12mm (≤ 12mm) were 
regarded as resistant while those greater than 12mm (> 12mm) were 
susceptible to the respective antibiotics. Bacillus had multiple resistance to 
antibiotics (norfloxacin, amoxil, streptomycin and ampiclox) while 
Micrococcus and Lactobacillus were most susceptible amongst the Gram 
positive bacteria. Also, Pseudomonas showed multiple resistance to 
ampicillin, ceporex and gentamycin while Escherichia coli was the most 
susceptible of the Gram negative bacteria. On the other hand, in relating the 
hydrocarbon degradation capabilities and antibiotic resistance pattern, 
among the bacterial isolates from the crude oil polluted soil and pristine soil 
samples, Lactobacillus, Micrococcus, Enterobacter, Azomonas and 
Acinetobacter were able to degrade crude oil and did not show multiple 
resistance to the antibiotics tested. Hence, they could be valuable in the bio-
treatment of crude oil polluted environs, as their use does not result to any 
public health or environmental risk relating to the spread of resistance 
genes. 
 
Keywords: Antibiotic sensitivity discs, hydrocarbons, Gram positive, Gram 
negative bacteria, resistant, susceptibility 

 
INTRODUCTION 
 
Soil contaminated by hydrocarbons causes extensive 
damage to local ecosystems by pollutants’ accumulation in 
the tissues of animals and plants, as well as may cause 
death or decrease in population. In Delta State, Nigeria, 

there are myriad of sites contaminated as a result of many 
years of crude oil activities, in recent years, this problem 
has stimulated research to check the microbial resistance of 
organisms  isolated  from polluted site. The  environment  is  
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increasingly being recognized for the role it might play in 
the global spread of clinically relevant antibiotic resistance 
(Oyetibo et al., 2010). 

Environmental regulators monitor and control many of 
the pathways responsible for the release of resistance-
driving chemicals into the environment (antimicrobials, 
metals, and biocides). Hence, environmental regulators 
should be contributing significantly to the development of 
global and national antimicrobial resistance action plans 
(Andrew et al., 2016). It is argued that the lack of 
environment-facing mitigation actions included in existing 
antimicrobial resistance action plans is likely a function of 
our poor fundamental understanding of many of the key 
issues (Atheer et al., 2016). 

The past few decades have seen the rise of antibiotic-
resistant bacterial strains that cause increasingly severe, 
difficult to treat, and sometimes even fatal infections. In 
fact, antibiotics and antibiotic resistance determinants are a 
natural phenomenon and have been present in the 
environment for a very long time (Foster, 2006). The 
natural environment harbors diverse reservoir of 
resistance determinants, including resistance genes and the 
mobile genetic elements that operate as vectors for them. 
Antimicrobial resistance has attracted the attention of the 
environmental, medical community and the general public, 
the magnitude of the impact of resistance on health and 
economic outcomes remains largely unknown. Rates of 
antimicrobial resistant environmental microorganisms 
have increased considerably during the past decade. 
Relatively few resources have been allocated to understand, 
prevents and control the spread of resistance on global, 
national, and local levels (Calero-Caceres et al., 2014). 

Assessing the implications of increasing prevalence of 
antimicrobial resistant pathogens is important for several 
reasons. First, information about resistance may be 
important in defining the diagnosis for the individual 
patient with infection. Second, knowledge about the 
outcome of infections with resistant organisms gives 
environmentalists and physicians an idea of antibiotics to 
be used in preventing such infections. Finally, 
understanding the effect of antibiotic resistance on patient 
outcomes is relevant for policy makers, who must make 
decisions about funding of programs to track and prevent 
the spread of antimicrobial-resistant organisms (Aminov, 
2009; Peterson, 2014). 

Petroleum is a major source of energy globally. Wide 
scale production, transport, use and disposal of petroleum 
globally have made it a lead contaminant in both 
prevalence and quantity in the environment (Rahman et al., 
2002). The release of these compounds pose a threat to the 
soil ecosystem. Soil biological activity, including soil 
microbial biomass and enzymatic activity, is influenced by 
the release of these compounds (Labuud et al., 2007). The 
presence of xenobiotics especially hydrocarbons in the 
environment attracts public attention due to their toxic, 
mutagenic and carcinogenic impacts (Van Hamme et al., 
2003). 

Prolonged   exposure   to  high    concentration   of     these 

 
 
 
 
xenobiotics may cause the development of liver or kidney 
disease, possible damage to the bone marrow and an 
increased rate of cancer (Boochan et al., 2000). Also, they 
have a wide spread existence in several environments 
contributing to their persistence/recalcitrance. As a result 
of the negative influences of hydrocarbons in the 
environment, scientists have established different physical 
and chemical treatment methods to help in either 
eliminating or suppressing the measures of these toxicants 
to the nearest minimum in the environment (Oboh et al., 
2006). Researches have shown the hindrances of these 
methods and highlighted an eco-friendly and economical 
option known as bioremediation which involves the use of 
microbial cells (or its metabolites) to degrade the 
pollutants (Das and Chandran, 2011; Tiku et al., 2016a). 

In ascertaining these useful bacteria for use in cleanup of 
hydrocarbon polluted environment, there is also a need to 
establish the antibiotics susceptibility of the bacterial 
isolates to circumvent the spread of antibiotics resistance 
genes in the environment. Therefore, the present day study 
is aimed at evaluating the hydrocarbon biodegradation 
capabilities and antibiotic resistance among bacterial 
isolates from petroleum polluted and pristine soil samples. 
 
 
MATERIALS AND METHODS 
 
Sample location 
 
The study area was located in Kokori community, Ethiope 
East Local Government Area of Delta, State, Nigeria 
(5°40ʹ0ʺN; 6°4ʹ0ʺE and 13metres above mean sea level). 
This community is surrounded by Okuenebele (4.1km 
North West), Isiokolo (5.2km South West) and Orokpor 
(9.3km South West). 
 
Samples collection 
 
Soil samples 
 
The surface soils were collected from 0 - 15cm using a soil 
auger and mixed to form a composite sample at each 
location. Soil samples were sorted to remove stones, plant 
and root debris. Twenty (20) grams each of the crude oil 
polluted soil and pristine soil were placed in sterile 100ml 
universal containers in ice packs and taken to the 
laboratory for microbial analysis. 
 
Antibiotic discs 
 
Gram positive commercial antibiotic discs contained the 
following antibiotics; ciprofloxacin (CPX) 10mcg, 
norfloxacin (NB) 10mcg, gentamycin (GN) 10mcg, amoxil 
(AML) 20mcg, streptomycin (S) 30mcg, rifampicin (RD) 
20mcg, erythromycin (E) 30mcg, chloramphenicol (CH) 
30mcg, ampilclox (APX) 20mcg, levofloxacin (LEV) 20mcg 
while Gram negative discs contained tarivid (OFX) 10mcg, 
reflacine   (PEF)     10mcg,     ciprofloxacin     (CPX)     10mcg,  



 
 
 
 
augmentin (AU) 30mcg, gentamycin (CN) 10mcg, 
streptomycin (S) 30mcg, ceporex (CEP) 10mcg, nalidixic 
acid (NA) 30mcg, septrin (SXT) 30mcg, ampicillin (PN) 
30mcg. Both discs were products of Hardy diagnostics, USA 
and were used according to the manufacturer’s 
specifications. 
 
Media used 
 
The media used in the study included nutrient agar (Hardy 
diagnostics, USA), nutrient broth (Hardy diagnostics, USA), 
Bushnell Hass medium, Simmon citrate medium 
(Accumedia, USA), motility indole ornithine (M1O) medium 
(Hardy diagnostics, USA) and others. The media were 
prepared according to manufacturer’s specifications. 
 
Sample preparation 
 
This was carried out according to the method described by 
(Eze et al., 2014). Ten grams (10g) of soil samples was 
aseptically weighed into 90ml of sterile distilled water in a 
100ml concial flask. The samples were vortexed to 
homogenize and allowed to stand for 10 minutes. From the 
initial dilution, 10-fold serial dilutions were carried out in 
clean sterile test tubes containing 9ml of sterile distilled 
water plating procedures. This was carried out according to 
the method described by Ataikiru et al. (2017). A 0.1ml of 
desired dilutions 10-3 to 10-5 was spread plated in triplicate 
into nutrient agar supplemented with 50μg/ml of 
griseofulvin to inhibit fungal growth. Plates were incubated 
at 35°C for 24 hours for discrete bacterial colonies. 
 
Laboratory isolation of hydrocarbon degraders using 
cultural methods 
 
Serial dilution agar plating method was carried out for the 
isolation of microorganisms. Bushnell Haas mineral salt 
medium containing griseofulvin 50μl/ml to suppress fungal 
growth was used to assess hydrocarbon utilizing bacterial 
population (Ataikiru et al., 2017). 
 
Identification and characteristics of isolates 
 
Selected heterotrophic and hydrocarbon utilizing bacteria 
were purified and identified by physiological, 
morphological and biochemical characteristics following 
the Bergey’s manual of determinative bacteriology 
(Cheesbrough, 2000; Holt et al., 1994). Isolates are 
identified using an array of biochemical test, which are as 
follows: 
 
Gram staining 
 
An 18-24 hour culture was aseptically smeared onto a 
clean, grease free microscope slide containing a drop of 
normal saline and heat fixed. Crystal violet (primary stain) 
was used to flood the smear for 1 minute, drained and 
washed gently with running water. Lugol’s iodine was used  
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to flood the smear for 1 minute (this is to fix the crystal 
violet stain to the peptidoglycan on the Gram positive 
bacteria), drained and washed gently with running water. 
Alcohol solution was used to decolorize the smear for 30 
seconds and then rinsed. Finally, safranin (secondary stain) 
was used to counter stain the smear for 60 seconds, excess 
stain drained and washed off. The slides were air dried and 
viewed under the light microscope using oil immersion. 
Gram positive bacteria retained the crystal violet stain 
(purple) while Gram negative bacteria retained the safranin 
stain (pink/red). 
 
Motility test 
 
Motility test medium (a semisolid medium) was used for 
the detection of motility of microorganisms and the 
medium was prepared in a sterile test tube as directed by 
the manufacturer. The test organisms (24hours culture) 
was inoculated into the medium by stabbing the medium to 
half its depth using sterile inoculating needle and incubated 
with a loosened cap at 37°C for 24 hours. Growth only along 
the line of the inoculation indicates a negative result of 
motility while growth along and outside the line of 
inoculation indicates positive results. 
 
Oxidase test 
 
A 24 hour culture was smeared onto a filter paper, 
impregnated with a drop of 1% solution of tetramethyl-p-
phenylenediamine (oxidase reagent). A positive result is 
indicated by the isolate(s) ability to retain the purple-blue 
color of the oxidase reagent within 10 seconds while 
oxidase negative is colorless. 
 
Triple sugar iron {TSI} 
 
This test was used to identify members of 
Enterobacteriaceae on the basis of glucose, lactose/sucrose 
fermentation, gas and hydrogen sulphide production. This 
was done by streaking the surface and stabbing a 24 hour 
culture into the TSI agar slant and incubated at 37°C for 24 
hours. A total change in the color from the top (the slant) to 
the bottom, from red to yellow indicates lactose or sucrose 
and glucose positive while yellow change at the bottom 
only shows glucose positive. Black coloration showed 
hydrogen sulphide production and presence of bubbles or 
crack indicates gas production. 
 
Methyl red test 
 
After 48 hours of incubation of MR-VP broth culture with 
test isolates, 2.5ml of the MR-VP broth culture was 
transferred into a new sterile test tube, 5 drops of 0.05% 
methyl red solution was added, mixed and observed 
immediately for a red coloration as a result of high acid 
production which indicates positive result. A yellow 
coloration of the culture medium indicates a negative 
result. 



Issues Biol. Sci. Pharma. Res.          46 
 
 
 
Voges-Proskauer test 
 
After 48 hours of incubation of MR-VP broth culture, 15 
drops of 5% alpha-naphthol reagent was added into 2.5ml 
of the MR-VP broth culture, mixed very well, 5 drops of 
40% potassium hydroxide was added and mixed very well. 
A pink-red color at the surface within 30 minutes indicated 
a positive result. 
 
Indole test 
 
This test was done to differentiate members of 
Enterobacteriaceae like Escherichia coli which is indole 
positive and some Shigella strains are indole positive. The 
test organism was inoculated in a test tube containing 5ml 
of sterile peptone water prepared according to 
manufacturer’s instruction and incubated at 37°C for 24-
48hours. A 0.5ml Kovac’s reagent was added to the broth 
culture and was mixed gently. A red ring color in the 
surface layer within 10 seconds indicates indole positive 
while the absence of red ring color indicates indole 
negative. 
 
Citrate utilization test 
 
This was used to determine isolate’s ability to utilize citrate 
as the sole source of carbon for metabolism. The test is used 
in the differentiation of members of Enterobacteriaceae. 
Simon’s citrate agar slants were prepared as described by 
the manufacturer. The slants were streaked on the surface, 
stabbed with a saline suspension of the pure test organisms 
using a sterile straight inoculating wire and incubated for 
24 hours at 37°C. A colour change from green to blue 
indicates positive result while negative result retains the 
green colour. 
 
Biodegradation screening 
 
The method of Okerentugba et al. (2016) was used for the 
screening test. A loopful of a 24 hour culture of the isolates 
were inoculated into a sterile 100 ml of Bushnell Haas 
broth containing sterile crude oil (10% v/v) and redox 
indicator (2% v/v of 2,6-dichlorophenol indophenols). A 
control was also set up containing no microorganisms and 
left for 14 days. Crude oil biodegradation was indicated by 
colour change, while the broth turbidity was also observed. 
At the end of the screen test, a high degree of precipitate 
and broth turbidity of crude were observed from the 
biodegradative activities of the bacteria isolates were 
assigned +++, while the formation of moderate degree of 
precipitate and broth turbidity was assigned ++. However, 
the absence of precipitate and turbidity during the 
biodegradation screen test by the bacteria isolates was 
assigned a negative sign (-). 
 
Standardization of bacterial isolates 
 
The modified method  of  Tiku et al. (2016b)  was employed 

 
 
 
 
for standardization of bacterial isolates. The inoculums size 
was prepared and compared with 0.5 Mcfarland standard. 
This was done by sub-culturing pure isolates into nutrient 
broth and incubated at 37°C for 24hours growth. 
McFarland standard was used as a reference to adjust the 
turbidity of bacterial suspensions. Turbidity of the growth 
was adjusted by dilution with sterile distilled water until 
equal the turbidity of a 0.5% McFarland’s standard. A 0.5% 
McFarland standard was prepared by mixing 0.05ml of 
1.175% barium chloride dehydrate (BaCl2 H20), with 
9.95ml of 1% sulfuric acid (H2SO4). 
 
Antibiotic sensitivity testing 
 
The standard disc diffusion method was used to test for 
antibiotic susceptibility pattern of the bacteria isolate 
(Wayne, 2010). A 0.1ml of the standard microbial solution 
was spread into sterile Petri dishes containing nutrient agar 
using a sterile glass spreader. The commercial antibiotics 
sensitivity discs were aseptically placed in the Petri dishes 
using a pair of sterile forceps and incubated for 24hours at 
37°C. Gram negative antibiotic sensitivity disc was used for 
Gram negative isolates while Gram positive was used for 
Gram positive isolates. Thereafter, antibiograms or the 
zones of inhibition (a zone of no growth around the discs) 
were measured using a rule. 
 
 
RESULTS AND DISCUSSION 
 
Biochemical and morphological identification of 
bacterial isolates 
 
Table 1 shows the biochemical identification of bacterial 
isolates. The isolates identified were species of 
Pseudomonas, Proteus, Azomonas, Acinetobacter, 
Micrococcus, Lactobacillus, Enterococcus, Enterobacter, 
Bacillus and Escherichia coli. The morphological 
characteristics of the bacterial isolates are as presented in 
Table 2. 
 
Screening for biodegradative capabilities 
 
The result of the screen test for crude oil biodegradation by 
bacterial isolates from petroleum polluted and pristine soil 
samples are presented in Table 3. The levels of turbidity, 
degree of precipitate and colour of precipitate were used to 
assess the crude oil biodegradability of the bacterial 
isolates. All bacterial isolates except Escherichia coli were 
hydrocarbon degraders. The results of our study were in 
corroboration with the reports of other researchers (Ibiene 
et al., 2011; Chikere et al., 2012; Chikere and Ekwuabu, 
2014; Okerentugba et al., 2016; Xu et al., 2018). 

Microbial degradation is the foremost and crucial green 
approach to the restoration of the petroleum hydrocarbon 
environs (Jain et al., 2011; Ataikiru et al., 2017; Chikere et 
al., 2019). Xenobiotics in the surroundings are broken 
down   predominantly    by    bacteria,  fungi and yeast; with  



 Ataikiru et al.          47 
 
 
 

Table 1. Biochemical identification of bacterial isolates 
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A + R - + - + + + + + - + + - - - Bacillus species 
B - R + + - + NA - + + + - + - + + Proteus species 
C - R + + - + - - - + - - + + - - Pseudomonas species 
D _ R - + - + + + + + - + - + - NA Enterobacter species 
E - R  + - + - - - + +  + - + - Escherichia coli 
F + C + + + + - + - + - + - + - - Micrococcus species 
G + R + - - + + + + + + - - - - NA Lactobacillus species 
H + C - - - + + + - - - - - + - - Enterococcus species 

I - R + + - + + +  + - + NA - - + Azomonas species 
J - R - + - + + - - NA - - - - - - Actinetobacter species 

 
Key: 
C Chain 
+ Positive     H2S      Hydrogen sulphide 
-  Negative     MR      Methyl red 
R Rod shaped    VP       Voges proskauer 

 
 
Table 2. Morphological characteristics of bacterial isolates 
 
Code  Probable isolates Macroscopic characteristics Microscopic characteristics 
A Bacillus species White, slimy irregular convex colonies  Gram-positive rod 
B Proteus species Moist swarming colonies Gram-negaitive rod 
C Pseudomonas species Small, creamy, flat and opaque colonies Gram-negative rod 
D Enterobacter species Smooth, creamy and convex colonies Gram-negative rod 
E Escherichia coli Shiny, slightly raised colonies  Gram-negative rod 
F Micrococcus species Yellowish small and smooth opaque colonies Gram-positive cocci 
G Lactobacillus species White creamy and shiny mucoid appearance Gram-positive rod 
H Enterococcus species Small, whitish and smooth colonies Gram-positive cocci 
I Azomonas Species White and wolly to cotton colonies Gram-negative rod 
J Acinetobacter species Creamy irregular raised colonies Gram-negative coccobacilli 

 
 
 
reports of effectiveness between 50% and 80% for soil 
bacteria (George et al., 2016). Furthermore, researches 
have revealed that mixed bacterial populations with 
extensive enzymatic competencies are essential to degrade 
composite mixtures of hydrocarbons such as crude oil in 
soil, freshwater, and marine environments (Broomjimas et 
al., 2009; Suleiman et al., 2015; George et al., 2016). 
 
Antibiotic susceptibility testing of bacterial isolates 
 
Table 4 and Table 5 have shown the antibiogram of 
bacterial isolates from both petroleum polluted and 
pristine soil samples. The diameters of the zones of 
inhibition (area of no growth around different antibiotic 
discs) were measured in millimetres (mm) to check the 

antibiotic susceptibility of the Gram positive (Lactobacillus, 
Enterococcus, Micrococcus and Bacillus) and Gram-negative 
(Enterobacter, Escherichia coli, Azomonas, Proteus, 
Pseudomonas and Acinetobacter) isolates, respectively. 
Isolates with antibiograms or zones of inhibition less than 
or equal to 12mm (≤ 12mm) were regarded as resistant to 
the respective antibiotics, while those greater than 12mm 
(> 12mm) were susceptible to the respective antibiotics. 

From Table 4, most of the microorganisms were 
susceptible to the antibiotics. Enterococcus was resistant to 
norfloxacin, amoxil, streptomycin and chloramphenicol but 
susceptible to all others while Bacillus which causes 
meningitis and musculoskeletal infections was resistant to 
norfloxacin, amoxil, streptomycin and ampiclox but 
susceptible    to     other      antibiotics.  On      the     contrary,  
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Table 3. Crude oil degradative capabilities 
 

Isolate Identity Degradative ability 
A Bacillus ++ 
B Proteus +++ 
C Pseudomonas +++ 
D Enterobacter +++ 
E Escherichia coli - 
F Micrococcus +++ 
G Lactobacillus ++ 
H Enterococcus ++ 
I Azomonas +++ 
J Acinetobacter +++ 

 

Key:  
++: moderate degradation 
+++: high degradation 
-: no degradation 

 
 

Table 4. Antibiogram of Gram positive bacteria (average zones of inhibition, mm)   
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Lactobacillus species 18 15 18 19 19 18 19 16 19 19 
Enterococcus species 19 6 18.5 12 11 17 19 12 16.5 19 
Micrococcus species 19 18 19 19 19 19 19 20 20 19 
Bacillus species 19 7 13.5 7 6 14 18 16 7 18 

 
 
 
Lactobacillus and Micrococcus species were susceptible to 
all antibiotics (ciprofloxacin, norfloxacin, gentamycin, 
amoxil, streptomycin, rifampicin, erythromycin, 
chloramphenicol, ampiclox and levofloxacin). Therefore, 
Micrococcus, which is a major cause of bloodstream 
infections (which may threaten the health status of the 
inhabitants in a way that it affects their farm produce,water 
and the entire atmosphere of the region) can effectively be 
treated by administering the antibiotics on the Gram-
positive disc to patients. 

Again, most of the Gram negative microorganisms were 
susceptible to the antibiotics as presented in Table 5. 
Ceporex (CPX) and ampicilin (PN) were the least effective 
antibiotics against the Gram-neagtive bacteria. 
Acinetobacter and Escherichia coli were susceptible to all 
the available antibiotics (tarivid (OFX), reflacine (PEF), 
ciproflox (CPX), augmentin (AU), gentamycin (CN), 
streptomycin (S), ceporex (CEP), nalidixic acid (NA), septrin 
(SXT), ampicillin (PN)) on the Gram-negative disc. 
Therefore, all the antibiotics can be administered to 
infected persons. Azomonas was susceptible to all 
antibiotics except ampicilin (PN) while Proteus was 

resistant to augmentin (AU), ceporex (CEP), gentamycin 
(CN) and ampicilin (PN) but susceptible to all other 
antibiotics. Pseudomonas species which causes fatigue, 
draining wound, itching, muscle and joint pains in humans 
was resistant to augmentin (AU), gentamycin (CN), ceporex 
(CEP) and ampicillin (PN) but susceptible to all other 
antibiotics. Enterobacter showed susceptibility to most of 
the antibiotics on the disc except ceporex (CEP). 

On the overall, Bacillus and Enterococcus were the most 
resistant (were resistant to four antibiotics on the disc), 
while Micrococcus was the most susceptible amongst the 
Gram positive bacteria. Proteus and Pseudomonas were the 
most resistant (they were also resistant to four antibiotics 
on the disc), while Escherichia coli was the most susceptible 
of all the Gram negative bacteria. 

Twenty five (25%) percent of the bacterial isolates (Gram 
positive) showed resistance to ampiclox (APX) and 
chloramphenicol (CH); 50% resistance to norfloxacin (NB), 
streptomycin (S) and amoxil (AML) while 100 % showed 
sensitivity to ciprofloxacin (CPX), gentamycin (GN), 
rifampicin (RD), erythromycin (E) and levofloxacin (LEV). 
Also, 25%, 50%, 25%  and 25%, 25%, 50% of  the  bacterial  
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Table 5. Antibiogram of Gram negative bacteria (average zones of inhibition, mm) 
 

Organisms (-ve) Antibiotics 
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Acinetobacter species 18 19 19 19 16 19 15.5 18.5 19 13 
Azomonas species 19 19 19 14 14 15 13.5 19 18.5 12 
Proteus species 19 18.5 19 12 12.5 18 10.5 18 19 6 
Pseudomonas species 18 19 19 10 9 18 8 18 18 6 
Enterobacter species 19 18 19 19 19 19 12 19 18 18 
Escherichia coli 19 19 19 19 19 19 19 19 19 19 

 
 
 
isolates showed resistance, intermediate and high 
sensitivity to chloramphenicol (CH) and ampiclox (APX), 
respectively. 

Furthermore, 33.3% of the Gram negative bacterial 
isolates showed resistance to augmentin (AU) and 
gentamycin (CN); 50% resistance to ceporex (CEP) and 
ampicillin (PN) while 100% showed sensitivity to 
ciprofloxacin (CPX), tarivid (OFX), reflacine (PEF), 
streptomycin (S), nalidixic acid (NA), septrin (SXT). For 
streptomycin, 50%, 33.3% and 16.7% of the bacterial 
isolates showed high, intermediate, and low sensitivity, 
respectively to the antibiotic. For gentamycin, 50%, 25% 
and 25% of the bacterial isolates showed high, intermediate 
and low sensitivity to the antibiotic. 

The susceptibility or resistance of microorganisms to 
antibiotics can be triggered or influenced by genes, ratio of 
antibiotic concentration to concentration of microorganism, 
strength of antibiotics, and heavy metal (Hastings et al., 
2004; Wiedenbeck and Cohan, 2011). Also, study by Oboh 
et al. (2006) reported hydrocarbon degrading and 
antibiotics resistance bacterial species from different 
sources. Some researchers from their studies have 
speculated and have shown this to be as a result of the 
likelihood that resistance genes to both antibiotics and 
heavy metals could be closely located on the same plasmid 
in bacteria and are thus more likely to be transferred 
together in the environment (Nies, 2003; Oyetibo et al., 
2010). 

In comparing hydrocarbon degradability and antibiotic 
resistance; Micrococcus, Acinetobacter, Azomonas, 
Enterobacter and Lactobacillus, were able to utilize crude 
efficiently, and did not show multiple antibiotic resistance 
to the antibiotics tested against, hence they could be useful 
in the bioremediation of hydrocarbon and other xenobiotic 
contaminated environment. The results of the present day 
study were contrary to the findings of Tiku et al. (2016b). 
They reported the hydrocarbon degradability with no 
multiple antibiotics resistance by Bacillus and Pseudomonas 
species which were not true from our study. 

CONCLUSION 
 
Occupants of crude oil producing areas have become 
victims of harmful microorganisms like Micrococcus and 
Proteus. Although the natural remediation of crude oil 
polluted sites occurs overtime (many years after) and 
diverse species of microorganisms are found in oil polluted 
sites (hydrocarbon degraders). Most of these 
microorganisms tend to be resistant to antibiotic treatment 
as a result of their numbers (concentration/density), genes 
and the strength of the antibiotics used. As a result of this 
resistance, the outbreak of deadly diseases becomes 
inevitable. It is evident from this study that petroleum 
polluted environments could serve as a reservoir of 
microbes particularly bacterial species valuable in the bio-
restoration of hydrocarbon impacted ecosystem. Moreover, 
the selection of these beneficial microorganisms for 
antibiotic resistance is key to monitoring the transfer of 
antibiotic resistant gene(s) from one bacteria to another in 
the environment, as this could threaten both the public 
health and the entire environment. 
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